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Abstract
NMR relaxation dispersion studies indicate that in canonical duplex DNA, Watson–Crick base pairs (bps) exist in dynamic
equilibrium with short-lived low abundance excited state Hoogsteen bps. N1-methylated adenine (m1A) and guanine (m1G)
are naturally occurring forms of damage that stabilize Hoogsteen bps in duplex DNA. NMR dynamic ensembles of DNA
duplexes with m
 1A–T Hoogsteen bps reveal significant changes in sugar pucker and backbone angles in and around the
Hoogsteen bp, as well as kinking of the duplex towards the major groove. Whether these structural changes also occur upon
forming excited state Hoogsteen bps in unmodified duplexes remains to be established because prior relaxation dispersion
probes provided limited information regarding the sugar-backbone conformation. Here, we demonstrate measurements of
C3′ and C4′ spin relaxation in the rotating frame (R1ρ) in uniformly 13C/15N labeled DNA as sensitive probes of the sugarbackbone conformation in DNA excited states. The chemical shifts, combined with structure-based predictions using an automated fragmentation quantum mechanics/molecular mechanics method, show that the dynamic ensemble of DNA duplexes
containing m1A–T Hoogsteen bps accurately model the excited state Hoogsteen conformation in two different sequence
contexts. Formation of excited state A–T Hoogsteen bps is accompanied by changes in sugar-backbone conformation that
allow the flipped syn adenine to form hydrogen-bonds with its partner thymine and this in turn results in overall kinking of
the DNA toward the major groove. Results support the assignment of Hoogsteen bps as the excited state observed in canonical duplex DNA, provide an atomic view of DNA dynamics linked to formation of Hoogsteen bps, and lay the groundwork
for a potentially general strategy for solving structures of nucleic acid excited states.
Keywords DNA dynamics · Rotating frame spin relaxation · Nucleic acids · Sugar pucker · Major groove kinking · DNA
bending
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(Zhao et al. 2014; Vallurupalli et al. 2012; Bouvignies
and Kay 2012) are providing rare insights into shortlived (µs–ms) low-populated (< 5%) excited states (ESs)
(Mulder et al. 2001) in nucleic acids that play important roles in gene expression and regulation (Xue et al.

2016; Nikolova et al. 2013). For example, canonical Watson–Crick A–T and G–C base pairs (bps) in duplex DNA
have been shown to exist in dynamic equilibrium with noncanonical Hoogsteen bps (Nikolova et al. 2011) (Fig. 1a).
The Hoogsteen bps are proposed to play important roles

Fig. 1  m1A and m
 1G as A·T and G·C+ Hoogsteen stabilizing mutants.
a In canonical duplex DNA, Watson–Crick bps exist in dynamic
equilibrium with their Hoogsteen counterparts. Note that the population of the G–C+ Hoogsteen bp is strongly dependent on pH;
values shown correspond to pH 6.8(Nikolova et al. 2011). b Stabi-

lizing Hoogsteen bps using m
 1A and m
 1G. a, b Nuclei targeted for
RD measurements in this work are colored green (C1′ and base) and
orange (C3′ and C4′). c Duplexes used in this study. A16 or G10 were
substituted by m1A16 (red) or m1G10 (blue), to stabilize A–T and G–
C+ Hoogsteen bps, respectively
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in DNA recognition (Kitayner et al. 2010), damage repair
(Lu et al. 2010), and replication (Nikolova et al. 2013; Nair
et al. 2005). RD studies have also uncovered an inverse
process, whereby non-canonical G–T/U wobble mismatches morph into canonical Watson–Crick-like tautomeric and anionic mismatches (Kimsey et al. 2015). These
Watson–Crick-like mismatches can evade fidelity checkpoints and give rise to replication and translational errors
(Topal and Fresco 1976). ESs have also been reported in
a wide variety of RNAs where they are proposed to play
roles as regulatory switches (Dethoff et al. 2012; Lee et al.
2014), folding intermediates (Xue et al. 2016), and in the
gene regulation by riboswitches (Zhao et al. 2017; Chen
et al. 2016; Kladwang et al. 2011).
Determining the atomic resolution structure and dynamic
properties of nucleic acid ESs is key for elucidating their
functional roles as well as for potentially advancing new
therapeutic approaches targeting these alternative conformational states. This however presents a considerable challenge
to conventional structure determination methods, given that
ES are short-lived and exist in low abundance. A variety of
approaches have been developed to address this problem in
proteins (Kay 2016; Sekhar and Kay 2013). The ES chemical shifts have been used to guide determination of conformational ensembles of protein folding intermediates. Methods have also been introduced to directly obtain structural
constraints on the ES including orientational constraints
from measurements of residual dipolar couplings (RDCs)
(Igumenova et al. 2007; Vallurupalli et al. 2007; Hansen
et al. 2008), residual chemical shift anisotropies (RCSAs)
(Vallurupalli et al. 2008a, b), and distance-based constraints
from paramagnetic relaxation enhancements (PRE) (Sekhar
et al. 2016; Clore et al. 2007). Methods have also been developed to gain insights into the dynamic properties of protein
ESs that rely on the analysis of chemical shifts (Korzhnev
et al. 2010) and H/D exchange (Long et al. 2014). Recently,
CEST-based methods have also been introduced to measure
RDCs in RNA ESs paving the way for atomic resolution
structure characterization (Zhao and Zhang 2015).
An alternative strategy relies on mutations or chemical
modifications to stabilize a given ES so that its structural
and dynamic properties can be characterized by conventional
methods (Xue et al. 2016; Dethoff et al. 2012; Korzhnev
et al. 2010, 2011; Lorieau et al. 2010). This has proven to
be an attractive approach for nucleic acids because their ESs
often feature non-canonical mismatches that can be stabilized by point substitution mutations or single atom substitutions (Nikolova et al. 2011; Dethoff et al. 2012; Xue et al.
2015). The mutants also provide an opportunity to explore
the function of the ESs in vitro and in vivo (Bhabha et al.
2011; Whittier et al. 2013). The approach does however suffer from one major drawback; the mutants may not perfectly
recapitulate the ES. This is particularly problematic when
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the RD data is not sufficient to fully characterize all aspects
of the structure around a given modification.
Mutations have successfully been used to stabilize ES
Hoogsteen bps in duplex DNA. In particular, we previously
showed that N1-methylated adenine (m1A) and N1-methylated guanine ( m1G), which are naturally occurring forms of
DNA damage that are repaired by damage repair enzymes
(Yang et al. 2008, 2009; Trewick et al. 2002), stabilize A–T
and G–C+ Hoogsteen bps respectively in a variety of DNA
duplex contexts (Nikolova et al. 2011; Lu et al. 2010; Zhou
et al. 2016; Sathyamoorthy et al. 2017; Yang et al. 2008;
Yang and Lam 2009) (Fig. 1b). The methyl group eliminates one Watson–Crick hydrogen-bond as well as sterically
collides with the partner pyrimidine effectively destabilizing the Watson–Crick bp without significantly impacting
the Hoogsteen conformation (Fig. 1b). The chemical shifts
of the m
 1A+–T and m
 1G–C+ Hoogsteen bps recapitulate
those measured for the ES using NMR R1ρ in unmodified
duplexes, indicating that they are valid models for the ES
Hoogsteen bps (Nikolova et al. 2011, 2012; Zhou et al. 2016;
Alvey et al. 2014).
Recently, we reported high-resolution NMR structures
and dynamic ensembles for two duplexes (A2-DNA and
A6-DNA, Fig. 1c) containing m
 1A+–T Hoogsteen bps using
RDCs, NOEs, and molecular dynamics (MD) simulations
(Sathyamoorthy et al. 2017). In these structural ensembles, m1A forms the expected hydrogen bonded m
 1A+–T
1 +
Hoogsteen bp. However, the m A –T Hoogsteen bp also
induced significant perturbations to the sugar-backbone conformation, including kinking of the DNA toward the major
groove (~ 9°), a bias toward the BI backbone conformation,
and sugar repuckering toward O4′-endo in and around the
Hoogsteeen bp (Sathyamoorthy et al. 2017). Whether similar
changes in sugar-backbone conformation take place when
forming ES Hoogsteen bps in unmodified DNA duplexes
remains to be established. RD studies (Xue et al. 2015)
have so far relied on base (C2, C5, C6, C8, N1/3) and sugar
(C1′) probes that provide limited information regarding
sugar-backbone conformation. The C1′ chemical shift is
insensitive to phosphodiester torsion angles, and while it is
sensitive to sugar pucker, this can be obscured by an even
greater sensitivity to the glycosidic χ angle, which can vary
significantly when forming non-canonical bps (Clay et al.
2017). The N1-methyl group introduces a positive charge on
the adenine base that can change its stacking properties and
also lead to steric contacts that don’t occur in the unmodified
duplex (Lu et al. 2010; Sathyamoorthy et al. 2017).
Here, we address this ‘blind spot’ in RD studies by
demonstrating measurements of sugar C3′ and C4′ RD in
uniformly 13C/15N labeled DNA samples as new probes of
sugar-backbone conformation in DNA ESs. By further combining these RD measurements with structure-based predictions of chemical shifts, we evaluated how well the structure
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and dynamic ensembles of the m1A Hoogsteen stabilizing
mutants recapitulate the corresponding ES Hoogsteen bp in
the unmodified duplex. Results support the assignment of
Hoogsteen bps to ESs observed in canonical duplex DNA,
provide an atomic view of sugar-backbone DNA dynamics
linked to formation of Hoogsteen bps, as well as lays the
groundwork for a potentially general strategy for solving
structures of nucleic acid ESs.

Materials and methods
Survey of DNA sugar chemical shifts
To gain insights into the deoxyribose 13C chemical shifts, we
analyzed all nine entries deposited in the Biological Magnetic Resonance Data Bank (BMRB) (Ulrich et al. 2008)
(Supplementary Table 1). The 13C chemical shifts for entry
BMRB ID: 17409 was through addition of 2.7 p.p.m. to
account for differences in referencing (TMS versus DSS)
(Aeschbacher et al. 2012; Dallmann et al. 2011). We then
analyzed the sugar carbon chemical shift distribution for
‘Helical’ nucleotides defined as unmodified Watson–Crick
bps that are surrounded by Watson–Crick bps (Supplementary Table 1).

Sample preparation
NMR buffer
All DNA and RNA samples were buffered exchanged with
centrifugal concentrators (Amicon Untra-15 3-kDa cutoff EMD Milipore) into a NMR buffer containing 25 mM
sodium chloride, 15 mM sodium phosphate, 0.1 mM ethylenediaminetetraacetic acid (EDTA) at pH 5.4 or 6.8.
Samples were then flash frozen, lyophilized overnight and
resuspendend into 100% D
 2O. The majority of the NMR
experiments were conducted in 100% D2O (EMD Milipore).
Unmodified DNA samples
 6-DNA oligonucleotide samples
Unmodified A2-DNA and A
were purchased from Integrated DNA Technologies (IDT)
with standard desalting purification. The DNA samples were
annealed at equimolar ratio with unlabeled complementary
strands purchased from IDT and exchanged into NMR buffer
to a final concentration of 1–2 mM.
m1A‑ and m1G‑containing DNA samples
m1A and m
 1G modified DNA oligonucleotide samples
were purchased from Midland DNA Technologies. The
m1A DNA samples were synthesized following ultra-mild
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deprotection to minimize Dimoroth rearrangement (Macon
and Wolfenden 1968). The m
 1A DNA samples were then
purified by reverse-phase HPLC while the m1G DNA samples were purified by gel filtration. The m1A DNA samples
were heated at 65 °C to avoid Dimoroth rearrangement, then
annealed at equimolar ratio with its unmodified complementary strand from IDT and exchanged into NMR buffer to a
final concentration of 1–2 mM.
Unmodified and dA‑, dG‑containing RNA samples
RNA single strands with or without incorporated dNTPs
were synthesized using an in-house MerMade 6 Oligo Synthesizer on 1 µmol standard synthesis columns (1000 Å)
from BioAutomation and using 2′-TBDMS acetyl protected
RNA phosphoramidites and benzoyl/isobutyl protected DNA
adenine/guanine phosphoramidites. The final 4,4′-dimethoxytrityl (DMT) group was used in cartridge purification.
The oligonucleotides were cleaved from each 1-µmol column with ~ 1 mL ammonia methylamine (1:1 ratio of 30%
ammonium hydroxide and 30% methyl amine) and then
incubated for 2 h at room temperature to allow base deprotection. The solution was then placed under airflow until
evaporation was complete, leaving the desired product oligonucleotide as dried crystals. The crystals were dissolved
in 115 µL DMSO, mixed with 60 µL Triethylamine (TEA)
and 75 µL TEA-3HF, and incubated at 65 °C for 2.5 h for
2′-deprotection. The reaction was quenched with Glen-Pak
RNA quenching buffer and loaded onto Glen-Pak RNA cartridges (Glen Research Corporation) for purification according to the standard protocol (http://www.glenresearch.com/
Techni cal/GlenPa k_UserGu ide.pdf). The single strands were
then ethanol-precipitated, annealed at equimolar ratio with
complementary strands, and exchanged into NMR buffer to
a final concentration of 1–2 mM.
13

C,15N‑labeled labeled DNA samples

Uniformly or residue-type (C, A or G, T) 13C,15N labeled
samples were prepared using the Zimmer and Crothers
method (1995) employing a chemically synthesized DNA
template (IDT) and Klenow fragment DNA polymerase
(New England Biolab). To improve spectral resolution (Supplementary Fig. 2A), residue-type labeled (C, A or G, T)
strands were prepared for A2-DNA using the appropriately
labeled 13C,15N-dNTPs (Sigma-Aldrich) whereas uniform
labeling was used for A6-DNA (Supplementary Fig. 2B).
The oligonucleotides were purified by 20% 29:1 polyacrylamide denaturing gel with 8 M urea, 20 mM Tris borate and
1 mM EDTA followed by electro-elution (Whatmann, GE
Healthcare) in 40 mM Tris Acetate and 1 mM EDTA. The
oligonucleotides were then ethanol precipitated, annealed
at equimolar ratio with unlabeled complementary strands
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(IDT) to generate two labeled samples for each duplex. The
samples were exchanged into NMR buffer to a final concentration of 1–2 mM.

NMR experiments
Resonance assignment
NMR experiments were carried out at 25 °C on a Bruker
Avance III 600-MHz NMR spectrometer or Bruker Avance
III 700-MHz spectrometer equipped with a 5 mm tripleresonance cryogenic probe. The assignments for C1′–H1′
and C4′–H4′ of A2- and A
 6-DNA (± m1A) were previously
reported (Nikolova et al. 2011; Sathyamoorthy et al. 2017).
Complete sugar assignments were obtained using 2D [13C,
1
H] Heteronuclear Single Quantum Coherence (HSQC), 2D
1
[ H, 1H] Total Correlation Spectroscopy (TOCSY), 2D [ 1H,
1
H] WATERGATE Nuclear Overhauser Effect Spectroscopy
(NOESY) experiments, 2D [13C, 1H] Constant Time (CT)
HSQC and 3D HCCH-TOCSY experiments.
Off‑resonance R1ρ relaxation dispersion
13

C RD experiments were carried out on Bruker Avance
III 700-MHz spectrometer equipped with a 5 mm tripleresonance cryogenic cryogenic probe at 25 °C as described
previously (Clay et al. 2017). Experiments were carried out
using selective Hartmann–Hahn polarization transfers to
excite specific spin of interest and collect data in a 1D manner (Hansen et al. 2009; Korzhnev et al. 2005). The lowest spin-lock power attainable is predominately limited by
approximately 3× the largest homonuclear scalar coupling
which corresponds to 3 × 1JC4′C5′ ~ 130 Hz (Korzhnev et al.
2005). Unlike in RNA (Clay et al. 2017), the deoxyribose
carbon chemical shifts are all separated by more than 17
p.p.m. relative to their directly bonded carbon atoms, thus
minimizing the possibility of unwanted Hartmann–Hahn
transfers. Measurements across a broad range of spin locks
and offsets showed no evidence for deviations from monoexponential behavior. On- and off-resonance C3′ and C4′
R1ρ RD profiles as well as for C1′ and base C8 and C6 were
recorded using the spin lock offsets and power levels listed
in Supplementary Table 2 for each spin of interest using six
to nine delay times.
Analysis of R1ρ data
Fitted peak intensities determined using NMRpipe (Delaglio et al. 1995) at each delay time were fitted to a monoexponential decay to obtain the R1ρ values and the uncertainty in fitted parameters estimated using Monte Carlo
simulations as described previously (Kimsey et al. 2015).
Bloch-McConnell (BM) numerical simulations were used
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to fit R1ρ values to two-state or three-state exchange (for
T9 C3′ and C15 C3′) with star-like topology (Kimsey et al.
2015).

Automated fragmentation quantum mechanics/
molecular mechanics calculations
Chemical shift calculations followed the procedure
described earlier (Swails et al. 2015). We used an ensemble of six structures for A
 2 -DNA, ten structures for
A6-DNA, ten structures of A
 2-DNAm1A16, and 15 strucm1A1642
tures of A6-DNA
. For each of the modified structures, we also computed shifts where the methyl group
was replaced with a hydrogen. For each of these 66 duplex
structures, 24 quantum fragments were constructed (one
for each nucleotide), containing the “central” and three
to five neighboring nucleotides, as described in previous
study (Swails et al. 2015). The effects of atoms outside
the quantum region, and of water and ions in the solvent,
were represented by point charges uniformly distributed
on the molecular surface of the quantum region, fit to Poisson–Boltzmann calculations using the “solinprot” module
of MEAD (Richardson et al. 1997). The quantum region
was assigned a local dielectric of ε = 1 (vacuum), the
remaining nucleic acid region had ε = 4, and the solvent
region ε = 80. For each quantum fragment, GIAO chemical shift calculations were carried out using version 4.3.6
of the demon-2k program (Koster et al. 2011), using the
OLYP functional (Handy and Cohen 2001) with the TZVP
basis set and the GEN-A2* fitting set. Further details are
available elsewhere (Swails et al. 2015; Case 2013).

Hoogsteen accommodation analysis
Analysis of Hoogsteen bp translation
Each DNA structure from both modified and unmodified
 6-DNA ensembles was superimposed onto an
A2- and A
idealized B-form DNA helix constructed using 3DNA (Lu
and Olson 2003), using all the heavy atoms of the two bps
neighboring the Hoogsteen bp (G10–C15, T8–A17). For a
given Watson–Crick bp and its Hoogsteen counterpart, the
displacement of the purine base when transitioning from
Watson–Crick to Hoogsteen was defined as the projection of
the vector joining the C1′ atoms of the purine of the Hoogsteen and Watson–Crick bp onto the C1′–C1′ vector of the
Watson–Crick bp. The above calculation was repeated for
all possible combinations of Hoogsteen and Watson–Crick
structures, and the obtained distances were then averaged.
An analogous procedure was performed to compute the displacement of the pyrimidine.
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Analysis of C15 sugar and backbone torsion angle
An idealized B-form helix model of the 5′-CA-3′ dinucleotide step was generated using 3DNA (Lu and Olson 2003).
The torsion angles (α, β, γ, δ, ε, ζ, and χ) and sugar pucker
of both residues were adjusted to match the corresponding average values in the A16–C15 step in the dynamic
ensemble of A6-DNA (with size N = 2400) reported previously (Sathyamoorthy et al. 2017). First, the torsion angles
and sugar pucker of the 3′-dA were changed to match the
average values obtained for A16 in the dynamic ensemble
of A6-DNAm1A16 (N = 2400) (Sathyamoorthy et al. 2017).
Second, the backbone (β, γ, ε, ζ, χ) and sugar (δ and sugar
pucker) torsion angles of C15 were adjusted in steps to
match the average values obtained for C15 in the dynamic
ensemble of A6-DNAm1A16 (N = 2400) (Sathyamoorthy et al.
2017). This transition was accompanied by an increase in
surface area of overlap/stacking between the bases of C15
and A16 as quantified using the ‘analyze utility’ in the
3DNA suite (Lu and Olson 2008).

Results
Deoxyribose C3′ and C4′ chemical shift as probes
of DNA sugar‑backbone conformation
We recently reported measurements of C4′ R1ρ in uniformly
13 15
C/ N labeled RNA as new probes of sugar-backbone conformation in RNA ESs (Clay et al. 2017). A similar approach
can in principle be applied to uniformly 13C/15N labeled
DNA and extended to include both C3′ and C4′ given the
improved C3′ spectral dispersion in DNA. In contrast to
C1′, the C3′ and C4′ chemical shifts are less sensitive to
glycosidic angle (χ) in both DNA (Xu and Au-Yeung 2000;
Fonville et al. 2012) and RNA (Xu and Au-Yeung 2000;
Fonville et al. 2012; Rossi and Harbison 2001). Rather,
prior DFT (Fonville et al. 2012; Dejaegere and Case 1998;
Xu et al. 1998), solution-state (Xu et al. 1998), and solidstate NMR (Xu et al. 1998; Santos et al. 1989) studies have
shown that the deoxyribose C3′ chemical shift primarily
depends on sugar pucker (upfield shift ~ 7 p.p.m. from C2′endo to C3′-endo), and also on the phosphodiester torsion
angle γ (upfield shift ~ 2–3 p.p.m. from gauche to trans).
The deoxyribose C4′ chemical shift is strongly dependent
on sugar pucker (upfield shift ~ 1–4 p.p.m. from C2′-endo to
C3′-endo) but less so on the backbone angle γ.
We recently verified the sugar chemical shift structure
relationships in the RNA ribose moiety using the database of
available chemical shifts (Clay et al. 2017). Unfortunately, a
similar approach cannot be applied to DNA given the much
smaller number of entries in the Biological Magnetic Resonance Data Bank (BMRB) (Ulrich et al. 2008) all of which
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fall in the canonical C2′-endo conformation (Supplementary
Fig. 1 and Table 1). We therefore verified computational predictions and prior solid-state NMR studies by incorporating
dA or dG into an A6-RNA duplex (Fig. 2a). This allowed
us to trap the deoxyribose sugar in the C3′-endo rather than
C2′-endo conformation, as confirmed through measurements
of the sums of the coupling constants for the H1′ and H2″
(Fig. 2d) (Sathyamoorthy et al. 2017; Wijk et al. 1992). To
our knowledge, this is the first solution state measurement
of the sugar chemical shifts for a DNA in the C3′-endo conformation. Indeed, we find that the C3′ and C4′ chemical
shifts are upfield shifted by ~ 5.6 and ~ 2 p.p.m., respectively
relative to unmodified duplex DNA, in very good agreement
with theoretical predictions (Fonville et al. 2012; Dejaegere
and Case 1998; Xu et al. 1998) and solid-state NMR studies
on A-form DNA (Santos et al. 1989) and nucleotide analogues (Xu et al. 1998; Santos et al. 1989) containing C3′endo sugars (~ 7 and 1–4 p.p.m. respectively) (Fig. 2b, c).

Using C3′ and C4′ chemical shifts to probe
the sugar‑backbone conformation of m1A+–T
and m1G–C+ Hoogsteen bps
We previously reported (Sathyamoorthy et al. 2017)
NMR ensembles for two DNA duplexes containing the
Hoogsteen stabilizing m1A modification (A2-DNAm1A16
and A6-DNAm1A16). Comparison of these ensembles to
ensembles determined for their unmodified counterparts
(A2-DNA and A6-DNA) revealed that the m1A+–T Hoogsteen bps induce significant changes in the sugar backbone
conformation (Sathyamoorthy et al. 2017). These include
changes in the sugar pucker at m1A16 (from C2′-endo to
O4′-endo), C15 (more C2′-endo), and T9 (more C3′-endo);
a bias toward the BI backbone conformation at C15pm1A16;
and kinking of the DNA toward the major groove (Sathyamoorthy et al. 2017). We hypothesized that such changes in
sugar-backbone conformation should give rise to significant
changes in C3′ and C4′ chemical shifts in the DNA duplexes
containing the Hoogsteen stabilizing m
 1A modification as
compared to their unmodified counterparts. These chemical
shift probes could in turn provide RD probes for examining
the sugar-backbone in the ES Hoogsteen.
Comparison of the spectra obtained for modified (Hoogsteen) versus unmodified (Watson–Crick) duplexes revealed
significant (> 0.5 p.p.m) C3′ and C4′ chemical shift perturbations in both A2-DNA and A6-DNA (Fig. 3a, b and
Supplementary Fig. 3A, B). These include upfield shifts in
C3′, (2.1–3.5 p.p.m.) and C4′ (1.2–1.5 p.p.m.) at the syn
purine nucleotide as well as for the C3′ (1.2–1.7 p.p.m.) of
the pyrimidine base partner (Fig. 3c, d). These perturbations are consistent with a change in sugar pucker from C2′endo towards C3′-endo, as observed in the NMR ensembles
of A2-DNAm1A16 and A
 6-DNAm1A16 (Sathyamoorthy et al.
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Fig. 2  13C chemical shifts
in C3′-endo deoxyribose. a
A6-RNA duplex highlighting
the dA16 and dG10 deoxyribose
substitutions. b Differences
(Δω = ωA6RNA/dNTP − ωA6DNA)
between sugar13C chemical
shifts at A16 and G10 when
comparing A6-DNA duplex
versus dA16 and dG10 substituted A6-RNA. c 2D C3′–H3′
and C4′–H4′ HSQC spectra of
the corresponding A6-DNA
duplex (green) and dA16 (red)
and dG10 (blue) substituted
A6-RNA. d The sum of the scalar coupling constants ΣJH1′ and
ΣJH2″ in DQF-COSY (Cavanagh
et al. 2007) indicate that the
sugar pucker at dA16 and
dG10 in substituted A6-RNA is
C3′-endo (Sathyamoorthy et al.
2017; Wijk et al. 1992)

2017). Here, A16 and T9 adopt a predominantly O4′-endo
sugar pucker compared to C2′-endo and C1′-exo respectively, in the unmodified duplexes. The C3′ and C4′ chemical shifts of both m
 1A16 and m
 1G10 and the C3′ chemical
shifts of their complementary T9 and C15 fall out of the
range observed for canonical Watson–Crick bps (Supplementary Fig. 1) based on analysis of nine entries in the
BMRB (Ulrich et al. 2008), indicating a significant change

in sugar-backbone conformation relative to the canonical
C2′-endo conformation.
Interestingly, significant chemical shift perturbations
were also observed at nucleotides neighboring the Hoogsteen bp (Fig. 3c, d). We will refer to these as “remote”
perturbations to emphasize that they involve sites distal to
the Hoogsteen bp. In particular, the C3′ chemical shifts of
nucleotides 5′ to the syn purine are downfield shifted by
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 1A
◂Fig. 3  C3′ and C4′ chemical shift perturbations induced by m

and m1G in duplex DNA. Overlays of 2D C3′–H3′ and C4′–H4′
HSQC spectra for A6-DNA (green) with a A6-DNAm1A16 (red) and b
A6-DNAm1G10 (blue). Corresponding overlays for A
 2-DNA are shown
in Supplementary Fig. 3. c 13C chemical shift perturbations induced
by m1A and m1G (shade in red and blue, respectively) relative to the
unmodified duplex. Star denotes sites that are broadened out of detection. d 13C chemical shift perturbations induced by m1A16 or m1G10
highlighted on the structures of A
 2-DNA and A
 6-DNA (residues 1–6
which experience minor perturbations are not shown for clarity).
Colored circles and rectangles represent sites with significant carbon
chemical shift perturbations (> 0.5 p.p.m.) on deoxyribose 13C and
aromatic 13C, respectively. Open circles on sugars and rectangles on
base denote sites that are broadened out of detection

~ 2.0–2.5 p.p.m. (Fig. 3c, d) which is consistent with NMR
ensembles of A2-DNAm1A16 and A6-DNAm1A16 in which the
C15 sugar pucker is shifted toward C1′-exo (Sathyamoorthy
et al. 2017). Additionally, the C3′ and C4′ chemical shifts of
these 5′-neighboring residues of both m
 1A and m
 1G fall near
the upper boundary (more downfield shifted) of the canonical Watson–Crick chemical shift region deduced from analysis of BMRB, suggesting a small bias toward the C2′-endo
conformation (Supplementary Fig. 1). Smaller perturbations
(< 1.0 p.p.m.) in sugar and base carbon chemical shifts are
also observed at other neighboring residues (G10–C3′,
C15–C4′ for A2-DNAm1A16 and A
 6-DNAm1A16 and T9–C4′,
G11–C3′, C14–C3′ for A2- and A6-DNAm1G10) (Fig. 3c, d).

Using C3′ and C4′ R1ρ to probe sugar‑backbone
conformation in excited state Hoogsteen bps
The structural ensembles of modified duplexes combined
with the sugar chemical shift analysis presented here
strongly suggest that m
 1A +–T and m
 1G–C + Hoogsteen
bps induce significant changes in sugar-backbone conformation. To examine whether similar conformational
changes occur when forming ES A–T and G–C + Hoogsteen bps in unmodified duplexes, we carried out C3′ and
C4′ R1ρ on unmodified A2-DNA and A6-DNA. Based on
comparisons of chemical shifts for modified (m1A+ and
m 1G) and unmodified A 2-DNA and A 6-DNA, several
active (A16–C3′, A16–C4′, T9–C3′, G10–C3′, G10–C4′
and C15–C3′) and remote (G11–C3′ and C14–C3′) sites
are predicted to have sizeable differences in chemical shifts (Δω > 0.5 p.p.m.), which should give rise to
detectable RD. Fitting of these RD profiles should in turn
yield chemical shifts that match those of the modified
duplexes and exchange parameters (population and rates of
exchange) that match those measured for ES Hoogsteen bp
(Nikolova et al. 2011). Likewise, several sites have small
perturbations (Δω < 0.5 p.p.m.) and are predicted to have
flat C3′ and/or C4′ profiles. Some sites are predicted to
simultaneously sense active and remote RD. For example,
the T9–C3′ is predicted to experience active RD due to
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formation of A16–T9 Hoogsteen bp and remote RD due
to formation of a neighboring G10–C+15 Hoogsteen bp.
Since the active and remote chemical shift perturbations
are opposite (Fig. 3c, d), and since Hoogsteen transitions
at different sites occur independently (Nikolova et al.
2011, 2012), this site is predicted to experience 3-state
exchange in an RD experiment. While other sites such
as A17–C1′, A17–C8, and G10–C3′ are also predicted
to experience active and remote RD, the perturbations
have similar signs, and the contribution from active RD
is predicted to dominate (see Supplementary Discussion).
Indeed, all of these predictions were borne out experimentally as detailed below.
We first measured C3′ and C4′ RD on A
 6-DNA at pH 6.8
so as to reduce the abundance of any ES G–C+ Hoogsteen bp
below the RD detection limit (Nikolova et al. 2011, 2013).
We observed the predicted active RD at A16–C3′, A16–C4′,
and T9–C3′ (Fig. 4a). Fitting of the RD data to a two-state
model yielded ES populations (pB) and exchange rates (kex
= k1 + k−1) that are in excellent agreement with ES Hoogsteen bp as deduced based on A16–C1′ and A16–C8 RD
data (Nikolova et al. 2011). Despite working under conditions that suppress RD contributions due to transient G–C+
Hoogsteen bps, we observed RD at C15–C3′ and G10–C3′.
This was exactly as predicted due to remote RD and transient
formation of a neighboring A16–T9 Hoogsteen bp (Fig. 4a).
A global fit of these RD data to a two-state model yielded
pB ~ 0.45% and k ex = 2885 s−1 in excellent agreement with
exchange parameters (pB ~ 0.39% and k ex = 3680 s−1)
obtained from fitting the active A16–C1′ and A16–C8 RD
data under similar conditions (Nikolova et al. 2011) (Supplementary Fig. 4 and Table 3). Furthermore, all of the sites
that are predicted to have insignificant (< 0.5 p.p.m.) chemical shift perturbations on Hoogsteen bp formation had flat
RD profiles (Fig. 4a and Supplementary Fig. 5).
Next, we measured C3′ and C4′ RD linked to formation of
G–C+ Hoogsteen bps by lowering the pH to 5.4 for A6-DNA
(Nikolova et al. 2011, 2013). Much more significant RD
was observed for G10–C3′ and G10–C4′ that are similar to
those observed for A16–C3′ and A16–C4′, consistent with
the onset of G10–C+15 Hoogsteen bp. Strikingly, in accord
with predictions, T9–C3′ and C15–C3′ exhibit clear signs
of three-state exchange due to additional active and remote
RD, respectively. This is evidenced by two rather than one
oppositely shifted humps in the RD profile reflecting two
distinct ES chemical shifts with opposite Δω signs (Fig. 4b).
A three-state fit to the RD data assuming a star-like topology
(Palmer and Massi 2006; Kimsey et al. 2015) yielded one set
of exchange parameters ( pB and k exB) that are consistent with
active formation of transient G10–C+15 Hoogsteen bp and
another set ( pC and k exC) that are consistent with the remote
formation of a neighboring transient A16–T9 Hoogsteen bp
(Supplementary Fig. 4). Once again, all of the sites that were
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◂Fig. 4  Off-resonance

13
C R1ρ RD profiles measured in 
A6-DNA.
Shown are representative (all other flat RD profiles shown in Supplementary Fig. 5) 13C off-resonance R1ρ RD profiles with best global
fit of A6-DNA measured at a pH 6.8 highlighting A16–T9 Hoogsteen
bp exchange and b pH 5.4 highlighting both A16–T9 and G10–C+15
Hoogsteen bp exchange at 25 °C. Error bars represent experimental
uncertainty (one s.d., see “Materials and methods”). Also shown are
the predicted differences in chemical shifts Δω between Watson–
Crick and Hoogsteen based on comparison of chemical shifts measured in the m1A and m1G Hoogsteen stabilizing mutants with their
unmodified counterparts. RD is not readily detectable for |Δω| < 0.5
p.p.m. whereas it should be observed for |Δω| > 1.0 p.p.m. |Δω| values between 0.5 and 1.0 p.p.m. may or may not lead to detectable RD
depending the quality of the data and the exchange parameters

predicted to have insignificant (< 0.5 p.p.m.) chemical shift
perturbations on G–C+ Hoogsteen bp formation had flat RD
profiles (Fig. 4b).
Finally, we also carried out C3′ and C4′ RD measurements on C, A and G, T residue type labeled A
 2-DNA to
aid spectral resolution (Supplementary Fig. 2A). Similar
results and levels of agreement were again observed for
G10–C15 and A16–T9 at pH 5.4 (Supplementary Fig. 4, 6
and Table 4).

The 13C chemical shifts of the ES match those
of the m1A and m1G mutants
Next, we compared the difference between the ES and GS
chemical shifts (Δω = ωES − ωGS) measured by RD with the
corresponding difference in chemical shifts obtained when
comparing the chemical shifts of the Hoogsteen stabilizing
mutants (m1A16 or m1G10) and the unmodified duplexes
(Δω = ωm1A16 − ωA16 and Δω = ωm1G10 − ωG10) (Fig. 5).
Excellent agreement was obtained for both A
 2-DNA and
A6-DNA with RMSD = 0.31–0.81 p.p.m. and R = 0.91–0.98
(Fig. 5). Excellent agreement was observed for sites that
experience active or remote RD as well as sites that experience both process and that were fit to 3-state exchange.
The only exception is A16–C8, which as predicted based
on DFT calculations (Nikolova et al. 2011), is significantly
more downfield shifted in m1A due to protonation of N1.
These results indicate that the Hoogsteen stabilizing mutants
accurately and robustly model key conformational signatures
of A–T and G–C+ Hoogsteen ESs in unmodified duplexes in
two different sequence contexts.

Validating structures and ensembles of Hoogsteen
stabilizing mutants using structure‑based chemical
shift calculations
Next we asked how well do the previously reported NMR
structural ensembles of A
 2-DNAm1A16 and A
 6-DNAm1A16
recapitulate key conformational signatures of the ES Hoogsteen bps in the unmodified duplexes by using an AF-QM/
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MM approach (Swails et al. 2015) to predict the chemical
shifts for these ensembles (Sathyamoorthy et al. 2017).
Specifically, we computed the Δω values (Δωcalc = ωm1A16
− ωA16) and compared them to values measured using RD
(Δωmeas). Chemical shifts were predicted for each conformer
in the ensemble and values averaged to account for motional
averaging. Predicting differences between chemical shifts
(Δω) rather than the absolute chemical shifts potentially
helps to minimize systematic or referencing errors in the
chemical shift predictions.
As shown in Fig. 6a, AFQM/MM predicts Δω with
RMSD ~ 0.66 p.p.m. and R = 0.88 for the A6-DNA ensemble.
The agreement is slightly worse for A
 2-DNA (RMSD ~ 0.87
p.p.m. and R = 0.85) for which there was greater uncertainty
in the NMR structure due to a lower number of constraints
(Sathyamoorthy et al. 2017). This level of agreement is consistent with the agreement seen when comparing RD Δωmeas
with values measured by taking the differences between the
modified and unmodified duplexes (Fig. 5). The differences
between calculated and observed values for Δω are much
less than those seen for QM/MM estimates of ground-state
13
C shifts in DNA and RNA (ca. 3.5 ppm, see Swails et al.
2015), presumably due to cancellation of systematic errors
in taking the difference between ES and GS shifts (see
below). The trends in Fig. 6a clearly support the notion that
our structural models for the ES states in DNA are fully
consistent with the observed chemical shift changes from
the ground state.
The agreement deteriorated when using only the lowest energy structure (RMSD = 0.80–1.05 p.p.m., and
R = 0.77–0.79) (Fig. 6b and Supplementary Fig. 7), when
computing Δω by taking the difference between chemical shift predicted for a randomly chosen conformer in
modified and unmodified ensembles (R = 0.18–0.87;
RMSD = 0.78–1.46 p.p.m.) (Fig. 6b), or the difference
between every conformer in the modified ensemble and
an unmodified idealized B-form helix (A 6-DNA synA16:
R = 0.66, RMSD = 0.99 p.p.m.; A2-DNAsynA16: R = 0.68,
RMSD = 1.09 p.p.m.) (Supplementary Fig. 7). These controls reinforce the importance of having an accurate ensemble representation to account for motional averaging when
computing chemical shifts in DNA. Poorer agreement was
also observed when comparing the measured versus predicted chemical shifts rather than their difference for all four
duplexes (RMSD = 3.37–3.81 p.p.m. and R = 0.98–0.99,
Supplementary Fig. 8). This can be attributed to systematic
deviations in slope and intercept for different residue and
carbon sites, which largely cancel one another when calculating the differences (Supplementary Fig. 9A). Indeed,
it was feasible to apply a linear correction to the predicted
chemical shifts by multiplying the predicted value by the
slope followed by addition of the intercept for each type of
nucleus based on the comparison with experimental values
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Fig. 5  Comparison of chemical shifts for ES Hoogsteen
bps and m
 1A or m1G stabilizing mutants. a Comparison of
ΔωRD = ωES − ωGS measured
by RD with values obtained
from the differences in chemical
shifts observed in the modified and unmodified duplexes
a Δωm1A−A = ωm1A − ωA and
b Δωm1G−G = ωm1G − ωG in
A2-DNA and A6-DNA. RMSD
and R values are shown for all
data and when excluding data
points with flat RD for which
ΔωRD was assumed to be 0

measured for unmodified A2-DNA and A
 6-DNA (Supplementary Fig. 9B). Applying this correction leads to far better predictions of the chemical shifts (RMSD = 0.82–0.84
p.p.m. and R = 1.00) (Supplementary Fig. 9C, D), and may
point the way to future semi-empirical models that combine
quantum calculations with information from databases of
observed shifts (Brown et al. 2015).

Accommodation of excited state Hoogsteen bps
Our results strongly support the validity of the previously reported dynamic ensembles of A2-DNAm1A16 and
A6-DNAm1A16 as mimics of the ES A–T Hoogsteen bps.
A closer examination of these structures now provides
an atomic view of what happens when Watson–Crick bps
morph into Hoogsteen bps as well as helps to rationalize the
observed differences in chemical shifts.
Since their discovery (Hoogsteen 1963), it was recognized that relative to Watson–Crick bps, Hoogsteen bps
require that the two base partners come into closer proximity by ~ 2 Å in order to form hydrogen-bonds (Fig. 1a).
In principle, the purine, pyrimidine, or both bases could
translate to form the hydrogen bonds. Analysis of the
structure and dynamic ensembles of A
 2-DNA m1A16 and
m1A16
A6-DNA
reveals that it is in fact the purine adenine
that primarily translates to engage in hydrogen-bonding
with its partner thymine (Fig. 7a and Supplementary
Fig. 10A). This explains the change in sugar pucker at the
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adenine nucleotide from C2′-endo to O4′-endo as well as
the bias in backbone angles ε and ζ toward the BI conformation (Fig. 7c). This change in sugar pucker at the
adenine-C1′ counteracts the ~ 6–8 p.p.m .downfield shift
predicted purely due to changes in the glycosidic χ angle
when flipping the base (Nikolova et al. 2011). This change
in sugar pucker in turn leads to major groove kinking of
the duplex at the Hoogsteen bp (Fig. 7c, d). This helps
to rationalize the observed correlation between pyrimidine–purine distance and the magnitude of major groove
kinking (Zhou et al. 2015).
In both solution structures and dynamic ensembles
of A2-DNAm1A16 and A
 6-DNAm1A16, the sugar pucker of
C15, which is the 5′-neighbor of the flipping purine base,
changes from C1′-exo toward C2′-endo and the BI conformation is enriched at the step between C15 and A16. This
conformational change is supported by large differences in
RDCs (19–27 Hz) measured previously for C15 C4′–H4′
 6-DNA m1A16 as compared to the
in A 2-DNA m1A16 and A
unmodified DNA (Sathyamoorthy et al. 2017). Molecular
modeling (see Methods) shows that this change in sugar
pucker helps to restore stacking between C15 and A16
which is otherwise lost as A16 flips and translates to form
Hoogsteen H-bonds (Fig. 7b). Therefore, the changes in
sugar pucker and backbone angles in C15 most likely serve
to maintain stacking interactions with the flipping and sliding purine involved in the Hoogsteen bp.
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Fig. 6  Testing validity of structures and ensembles of Hoogsteen
stabilizing mutant as mimics of ES Hoogsteen using structure-based
predictions of chemical shifts. a Comparison of ΔωRD = ωES − ωGS
measured by RD with values obtained from the differences in calculated chemical shifts predicted based on the ensemble of structures
of the modified and unmodified duplexes i.e. ΔωEns = ωcalc−m1A −
ωcalc−A in A
 2-DNA and A6-DNA. RMSD and R values are shown
for all data (before the slash), and when excluding data points with
flat RD for which ΔωRD was assumed to be 0 (after the slash). Error

bar represents the standard deviation in the calculated chemical shifts
across all conformers in the ensemble. b Histogram showing the rootmean-square-deviation (RMSD) between Δωmeas and Δωcalc when
using different input NOE structures and RDC ensembles to compute Δωcalc: dynamic ensembles (green), solution structures (cyan),
idealized B-form DNA (yellow), and taking the difference between
the chemical shifts predicted for every conformer in the ES- and GSensemble (red)

Discussion

instability of the Hoogsteen bp in the A-form helix (Zhou
et al. 2016), and accordingly, no sugar RD was recently
reported in the sugar moieties of A-form RNA duplexes
(Clay et al. 2017).
Advances in NMR methods for accessing structural information on ESs are making it possible to solve their structure at atomic resolution (Sekhar and Kay 2013). Our study
demonstrates that a mutational approach can also be valid in
the case of nucleic acids. Indeed, we previously showed that
point substitution mutations as well as single-atom substitutions can be used to stabilize RNA ESs (Xue et al. 2016;
Dethoff et al. 2012; Lee et al. 2014; Merriman et al. 2016).
In addition, various forms of mutagenesis have successfully
been used to stabilize ESs of proteins (Korzhnev et al. 2010,
2011; Lorieau et al. 2010; Barette et al. 2012; Bouvignies
et al. 2011). Here, it is critically important to measure a
comprehensive set of RD data that probe various aspects
of conformation. With the measurement of sugar C3′ and
C4′ RD demonstrated here, it is now feasible to characterize
most structural aspects of nucleic acid ESs, providing a more

There are now multiple sources of evidence that support the
assignment of Hoogsteen bps as the ES observed in duplex
DNA. These include the 13C (Alvey et al. 2014; Nikolova
et al. 2011) and 15N chemical shifts (Nikolova et al. 2012),
the enhanced populations seen with inosine substitutions
(Nikolova et al. 2014), diminished populations observed
with 7-deazopurine substitutions (Nikolova et al. 2012), and
the pH dependence of the exchange process (Nikolova et al.
2013a, b). The strong agreement observed here between
the Δω values measured for the base and sugar moieties of
the transient A–T and G–C+ Hoogsteen bps as well as their
neighbors with values measured in the Hoogsteen stabilizing mutants in two different duplexes, as well as the strong
agreement between the measured Δω values and those
predicted using AFQM/MM leave little doubt that the ESs
measured in duplex DNA correspond to Hoogsteen bps. In
this regard, it is also satisfying to note that ES Hoogsteen
bps are not observed in RNA duplexes due the energetic

13

242

Journal of Biomolecular NMR (2018) 70:229–244

Fig. 7  Structure and dynamic
ensembles of GS Watson–Crick
and ES Hoogsteen bps in duplex
DNA. a Comparison of GS
A6-DNA (green) and Hoogsteen
ES-mimic A6-DNAm1A16 (red)
ensembles showing translation of synA16 towards the
complementary strand. The A16
in A6-DNA was flipped into a
syn conformation to aid comparison. b Translation of the
syn purine to form Hoogsteen
H-bonds with the partner thymine requires changes in sugar
pucker and backbone torsion
angles at C15. c Changes in the
local torsion angles (ε, ζ, sugar
phase angle/δ) at C15 increase
overlap area with the flipping
and sliding synA16. d Ensembles of the GS A6-DNA (green)
and Hoogsteen ES-mimic
A6-DNAm1A16 (red) showing
global changes in structure
and dynamics accompanying
formation of Hoogsteen bps. An
idealized B-form DNA helix (in
gray) is overlaid for reference.
The ensembles were taken from
a previous study (Sathyamoorthy et al. 2017)

robust means by which to assess ES-stabilizing mutants.
This combined with recent developments involving measurements of RDCs in nucleic acid ESs using CEST (Zhao
and Zhang 2015) will make it increasingly possible to access
the structures of nucleic acid ESs at atomic resolution.
Our results also highlight the feasibility of using quantum
chemical methods for computing chemical shifts in studies
of DNA structure and dynamics. However, limitations of
the current approach are also seen in our results. In particular, they highlight systematic errors in the predicting
chemical shifts for various sites as well as the importance of
using a dynamic representation of the nucleic acid in order
to account for motional averaging of the chemical shifts.
While our approach relied on computing differences between
the GS and ES in order to minimize systematic errors in
structure-based chemical shift predictions, it was also feasible to apply a linear correction to the predicted chemical
shifts (Supplementary Fig. 9). Further studies are needed to
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evaluate the robustness and general validity of the chemical
shift corrections.
Based on the structures and dynamic ensembles of
A2-DNAm1A16 and A6-DNAm1A16, a dynamic picture of
duplex DNA emerges in which formation of transient
Hoogsteen bps leads to major groove kinking of the duplex
accompanied by sugar repuckering and changes in backbone
torsion angles which allow the purine base to optimally
hydrogen-bond with its partner dT as well as form stacking
interactions with its neighbors (Fig. 7b). The RDC ensembles further indicate that the kinked Hoogsteen conformation is globally more flexible, undergoing larger amplitude
kinking motions relative to the Watson–Crick conformation (Fig. 7d and Supplementary Fig. 10D). An important
step for the future will be to develop methods that can also
probe these dynamic properties of nucleic acid ESs, as has
now been done for proteins (Korzhnev et al. 2010; Bouvignies et al. 2011). This will make it possible to assess to
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what extent ES-stabilizing mutants accurately capture the
dynamic properties of the ESs.
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